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ABSTRACT
This study focused on the survey of 34 freshwater snail samples collected from NE
Mongolia for larval flatworm parasites in the class Trematoda. 32 of the snail samples
were infected, and the parasites were identified based on morphology and DNA
sequences. Nine of the identified parasite samples were screened for the presence of
bacterial endosymbionts in the genus Neorickettsia in the family Anaplasmataceae. All of
the samples screened for Neorickettsia were negative for the bacterium. Species of
Neorickettsia are known to cause several diseases such as Sennetsu Fever (in humans)
and Potomac Horse Fever. There have been relatively few reliable reports of
Neorickettsia outside of the United States, and there are currently no reports in Mongolia.
This research aimed to increase our understanding of trematode and Neorickettsia
diversity in Mongolia, as there is only one published report of trematodes in Mongolia,
and no reports of Neorickettsia. Several species of trematode were identified, some
imaged using SEM, and no Neorickettsia was detected.
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Introduction
Parasitism is used as a life strategy for many organisms, with representation in
almost all phyla. Digenea is a subclass of phylum Platyhelminthes in the class
Trematoda; digeneans are a large group of approximately 18,000 species that are parasitic
in most vertebrate and many invertebrate species. Digeneans, also known as flukes, have
a complex life cycle, demonstrated in Figure 1, that begins with a first intermediate host
of a mollusk, such as a snail, and many have a second intermediate host, usually an
aquatic invertebrate (i.e. insect) or small vertebrates (fishes, amphibians, etc.). Almost all
digeneans infect a vertebrate definitive host, where they sexually mature and reproduce.
Digeneans may also carry and transmit (vector) bacterial endosymbionts that may cause
disease in their vertebrate definitive hosts (Tkach and Greiman 2016). The complex life
cycle of digeneans includes multiple larval stages: sporocysts/rediae in mollusks, free
living cercariae, metacercarial cysts in the second intermediate host. After being engulfed
by the definitive vertebrate host as fluke exocysts, they reach maturity. The larval stages
that occur in mollusks are less well known than adult stages, due to the occurrence of
adult stages in vertebrates, which are more extensively studied.
Neorickettsia, a genus of bacteria in the family Anaplasmataceae, are known
endosymbionts of Digeneans. Currently four species of Neorickettsia have been formally
described/named: Neorickettsia risticii, Neorickettsia helminthoeca, Neorickettsia
sennetsu, and Neorickettsia elokominica. These species of Neorickettsia are responsible
for diseases such as; Salmon Poisoning Disease, Potomac Horse Fever, Elokomin Fluke
Fever, and Sennetsu Fever. Salmon Poisoning Disease occurs in canids that ingest salmon
infected with metacercariae of the digenean, Nanophyetus salmincola, that has
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endosymbiotic N. helminthoeca, causing rapid fever, weight loss, vomiting, and
dysentery. 90% of infected dogs die within two weeks of the first symptoms if untreated
(Tkach and Greiman 2016). N. helminthoeca has been primarily documented in western
North America and more recently in Brazil. Potomac Horse Fever is known to occur in
horses that ingest N. risticii infected digeneans (most of which are adults in bats or birds,
horses are dead in hosts (i.e. the digeneans do not develop as adults within the horses))
and was originally documented in the Potomac River region in the northeastern USA in
the 1970’s. Symptoms include fever, depression, anorexia, abortions, and laminitis.
Sennetsu Fever was originally documented in humans from Japan in the 1950’s and was
caused by eating raw grey mullet fish (Mugil cephalus) which contained N. sennetsu. It
has more recently been reported in Laos and Malaysia, with no reported fatalities.
Symptoms of Sennetsu Fever include fever, enlarged cervical lymph nodes, and anorexia.
Elokomin Fluke Fever was discovered in northwest United States when black bears were
fed trout infected with N. salmincola, the trematode known to carry N. helminthoeca,
collected from the Elokomin (now Elochoman) River. The bears developed symptoms
such as fever and anorexia. The cause of fever was determined to be N. elokominica. N.
elokominica causes symptoms in a range of mammals including dogs, bears, and
raccoons. In addition to these four formally named species of Neorickettsia, there are 20
species-level strains that have yet to be formally named (Tkach and Greiman 2016).
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Fig. 1 Life Cycle of Neorickettsia risticii within Acanthatrium spp. digeneans with an
equine dead-end host (from Tkach and Greiman 2016).
Neorickettsia has been reported on every continent, with N. risticii, the agent
responsible for Potomac Horse Fever, being the most commonly reported globally. Many
reports outside of the United States are based on serological tests of horses and are
considered questionable because false positives can be caused by vaccinations against N.
risticii in horses, which are the basis for most global reports for Neorickettsia. Reports of
Neorickettsia, mostly originating from horses, often neglect screening of digenean hosts
in many cases (Tkach and Greiman 2016). Due to this, and the emphasis on studying
parasites in vertebrate organisms, little is known about the presence of Neorickettsia in
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larval trematodes within mollusk hosts. The life cycle of Neorickettsia within
Acanthatrium spp. digeneans is illustrated in Figure 1.
In Mongolia, situated in central Asia between China and Russia, very few surveys
of parasites have been completed, and those that exist are mainly of small mammals.
There is one trematode reported in small mammals in Mongolia, none from birds, and
none from their mollusc first intermediate hosts. Many of the small mammals known
from Mongolia have been reported to host digeneans in other countries around Mongolia,
suggesting that the lack of known digneans in Mongolia is due to lack of investigation,
rather than lack of presence (Tinnian et al. 2011).
The inhabitants of Mongolia rely primarily on nomadic and agricultural practices,
with a strong reliance on domestic animals, including horses. Horses are susceptible to
infection by N. risticii, as mentioned previously, and presence of this bacteria in
Mongolia could pose a tangible threat to the lifestyle of Mongolians. Additionally, N.
sennetsu and N. elokominica pose a health hazard to humans.
The known small mammals and ranges of trematodes in the area around Mongolia
suggest that trematodes exist in Mongolia, and those trematodes have the potential to
carry Neorickettsia. The purpose of this research was two-fold; 1) complete the first
larval digenean survey in Mongolia and 2) screen the digenean samples for Neorickettsia.
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Methods
I.

Collection
Snails were collected by hand from a small pond along the Numrug River in

Dornod Province, northeastern Mongolia (Lat: 47.006 Long: 119.3779) in August 2016
(Fig. 2). Collected snails were crushed under a stero-dissecting microscope and examined
for the presence of larval digeneans. Snails found to be infected with digeneans were then
given a field dissections number and fixed in 95% ethanol. Approximately 40 Lymnaea
stagnalis snails were collected (Fig. 3).

Fig. 2: Pond along the Numrug River in Dornod Province, northeastern Mongolia, where
L. stagnalis snails were collected.
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Fig. 3: Lymnaea stagnalis collected from Mongolia
II.

Fluke Identification
To identify the species of digeneans present in the collected samples, cercariae

and sporocysts were isolated from the preserved tissue samples of mollusks. A DNA salt
extraction was performed to isolate the DNA from the rest of the tissues in the samples.
The cercariae and sporocysts were placed in a 1.5 mL centrifuge tube and excess ethanol
was removed by pipette. The tubes were then allowed to dry at 59°C for 15 to 30
minutes, until all liquid had evaporated. 95 µL of water, 95 µL of 2x digestion buffer, and
10 µL Proteinase K were then added to each tube. The tubes were vortexed, and then
incubated at 55°C for several hours, then 200 µL of isopropanol was added to each tube.
The tubes were the left overnight (at least 2 hours) at -20°C. The tubes were centrifuged
for 15 minutes at 15000 revolutions per minute. The supernatant from the tubes was
removed by pipette. The DNA pellet remaining at the bottom of the tube was washed
with 180 µL of 70% ethanol and centrifuged for 15 minutes at 15000 revolutions per
minute. Each samples was washed a second time with 180 µL of 70% ethanol and
centrifuged for another 15 minutes at 15000 revolutions per minute. The tubes were then
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dried for 15 to 20 minutes at 60°C. 50 µL of distilled water was added, and the samples
were stored at -20°C, completing the DNA salt extraction.
Following the DNA salt extraction, Polymerase Chain Reaction (PCR) was
performed on each sample to amplify the DNA isolated from the trematodes in the DNA
salt extraction. In 0.2 mL PCR tubes, 8 µL of water, 15 µL of GoTaq Green Master Mix
(containing Taq polymerase, buffer, and nucleoside triphosphates), 1 µL of 10 pm
forward primer digl2 (5-AAGCATATCACTAAGCGG-3′), and 1 µL of 10 pm reverse
primer 1500R (5-GCTATCCTGAGGGAAACTTCG-3′) were added to each tube. 3 µL of
DNA from the salt extraction was added to each tube, for a total reaction volume of 28
µL. Another PCR was completed using the same procedures, with the use of forward
primer LSU5 (5-TAGGTCGACCCGGTGAAYTTA-3’) rather than digl2. The reactions
were completed on a thermal cycler (Stage 1: 94℃ for 30 seconds; 40 repetitions of
Stage 2: 94℃ for 20 seconds, 58℃ for 45 seconds, 68℃ for 90 seconds; Stage 3:68℃
for 5 minutes). After the reactions were complete, the samples were held at -20°C until
gel electrophoresis.
For every sample that was subjected to PCR, the PCR was tested for success by
gel electrophoresis. Gels were made of 1% agarose, distilled water, and one drop of
ethidium bromide. Each gel was loaded under TAE buffer with 3.5 µL of 100 base pair
ladder in the first well, and 5 µL of each PCR sample was loaded subsequently in the
same manner. After the completion of a 45 minute electrophoresis, the gel was removed
from buffer and placed under ultraviolet light to visualize the DNA bands, made visible
by the fluorescent dye in the GoTaq. Each well was examined for bands. A successful
PCR was indicated by a single, clear, distinct band of DNA in the gel.
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The success of each PCR was determined using gel electrophoresis. After
analyzing the results for each PCR sample, the best PCR for any one digenean was
identified. Some of the digenean samples had been used for multiple DNA salt
extractions, and so the best sample for each digenean was determined, as well as the most
successful primer combination; either digl2 and 1500R, or LSU5 and 1500R. One sample
was ultimately selected for each digenean.
The samples that were selected from each digenean were cleaned up using an
Exosap cleanup. 3 µL of Exosap and 5 µL of each selected PCR product were combined.
These were then subjected to the Exosap cleanup program on a thermal cycler at 37℃ for
15 minutes, then 80℃ for 15 minutes.
The Exosap products were prepared for sequencing using Big Dye. 1 µL of each
sample from the Exosap cleanup was combined with 2 µL Big Dye Terminator 5x
Sequencing Buffer, 4.5 µL of water, 1 µL of 2 pm digl2 primer, and 1 µL of Big Dye in a
96 well plate. These mixtures were vortexed gently, then subjected to the Big Dye
sequencing reaction on the thermal cycler (Stage 1: 95℃ for 2 minutes, 40 repetitions of
Stage 2: 95℃ for 35 seconds, 57℃ for 30 seconds, 73℃ for 90 seconds; Stage 3: 73℃
for 5 minutes).
Following this sequencing reaction, each Big Dye product was cleaned up using
magnetic beads. All liquid from the Big Dye reaction was gently forced to the bottom of
the plate, eliminating any bubbles at the bottom of the solution. The magnetic beads were
agitated to ensure suspension in the liquid prior to being added to the Big Dye products.
10 µL of magnetic beads were added to the side of each well in the 96 well plate. 40 µL
of 80% ethanol was added to the side of each tube following the addition of the beads.
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Each well was mixed via pipette mixing 3-5 times. The 96 well plate was put on top of a
magnetic plate for 1 minute. The supernatant was removed via dumping. Each well was
washed with approximately 80 µL of 70% ethanol. The 96 well plate was removed from
the magnet plate and pipette mixed gently 3 to 5 times. The 96 well plate was returned to
the magnetic plate, moved from row to row a 3 to 5 times, and then placed in the
incubator at 60°C for 1 minute. The supernatant was removed via dumping. The 96 well
plate was returned to the magnetic plate and incubated at 60°C for approximately 3
minutes, until no fluid remained. The 96 well plate was removed from the incubator and
removed from the magnetic plate. 25 µL of distilled water was added to the side of each
well to remove the magnetic beads from the sides of the wells. The solution was pipette
mixed 3 to 5 times and then moved back and forth on the magnetic plate 3 to 5 times. The
96 well plate was held on the magnetic plate for 1 minute, and then pipetted into the
collecting plate and shaken down. The collecting plate was incubated on the thermal
cycler on a denature program at 95°C for 5 minutes, then held at 4°C, then placed in the
freezer at -20°C until the next procedure.
Following the bead cleanup procedure, the samples were sequenced using
capillary chain-termination sequencing to generate the order of nucleotides in each
sample.
Each sequence generated by capillary sequencing was edited using the Geneious
program to remove approximately 20 base pairs from the beginning of each sequence, as
well as the end of the sequence that did not show a clear order of nucleotides (primer
sequences). Additionally, any nucleotides that were unclear from the capillary sequencing
were edited to the most likely nucleotide due to the prominence of the peak of any one
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nucleotide. If no one nucleotide was clear at a particular locus, the sequence was left
unedited at that locus. The edited sequences were then compared using the National
Center for Biotechnology Information (NCBI) GenBank DNA sequence repository using
Geneious program plugin. The unknown sequences and known sequences were compared
by percent pairwise and percent identity to accurately identify the species. The identity
was verified by looking at the known distribution of the trematode identified by the
sequence. The majority of samples were identified in this matter.
Some samples were identified using morphological characteristics rather than
genetic sequences after the majority of the samples had been identified using sequences.
The samples that were identified using this method did not have either successful PCR or
sequencing reactions. These unknown samples were compared to the samples which had
been identified by sequence to determine which of the trematodes present in the known
samples was found in each of the yet unknown samples.
III.

Detection of Neorickettsia
Screening for Neorickettsia utilized the same DNA salt extraction as used for

digenean identification. Instead of completing the PCR process as described above, the
DNA salt extraction was run through a real-time Polymerase Chain Reaction (rt-PCR).
23 samples from the DNA salt extraction were used; SG171 (snail 5), SG172 (snail 6),
SG236 (snail 11), SG237 (snail 12), SG262 (snail 4), SG275 (snail 10), SG276 (snail 13),
SG277 (snail 14), SG278 (snail 15), SG279 (snail 16), SG280 (snail 17), SG330 (snail
18), SG3331 (snail 19), SG333 (snail 20), SG334 (snail 22), SG335 (snail 23), SG336
(snail 24), SG337 (snail 25), SG338 (snail 26), SG339 (snail 27), SG340 (snail 28),
SG341 (snail 29), and SG342 (snail 30). For those samples, 12.5 µL of SybrGreen Master
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Mix, 1 µL of 10 pm forward primer n16S-25F (5-TCAGAACGCTAGCGGT-3’), 1 µL of
10 pm reverse primer n16S-1500R (5-AAAGGAGGAGGTAATCCAGCCGCAGGTTCAC-3’), 5.5 µL of water were combined with 5 µL of the DNA
salt extraction in a 96 well plate for a total 25 µL reaction per each sample. The same 6
samples also were screened with the same reaction amounts using 1 µL of 10 pm forward
primer N50F (5-TAGGCTTAACACATGCAAGTCGAACG-3’), 1 µL of 10 pm reverse
primer N1400R (5-CGGTCAGCTCACTAGCTTCGAGTAA-3’). Optically clear lids
were added to the tops of the wells, carefully handled to prevent any smudging or skin
oils contaminating the lids. The 96 well plate was centrifuged to remove any bubbles
from the solution. The unknown samples and a positive known sample of Neorickettsia
were subjected to a melting curve analysis for 36 cycles of: 95°C for 2 seconds, annealing
at 60°C for 25 seconds, and melting starting at 72°C and increasing 0.3°C until reaching
87C. The melting curve was analyzed to visualize any melting curves from unknown
samples that matched the positive known sample of Neorickettsia, which would have
indicated the presence of the bacterium in the unknown sample.
IV.

Imaging
Scanning Electron Microscopy (SEM) pictures were taken of some samples to

demonstrate the diversity of species identified in this study. Samples of several cercariae
and sporocysts or rediae per sample were isolated from the snail tissues, saturated in 80%
ethanol, and allowed to sit overnight. The samples were then saturated in 90% ethanol,
and allowed to sit overnight. The samples were then saturated in 95% ethanol, and
allowed to sit overnight. The samples were then saturated in 100% ethanol, and allowed
to sit overnight. The samples were saturated a second time with 100% ethanol, and
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allowed to sit overnight. Then, the samples were saturated with mixtures of ethanol and
Hexamethyldisilazane (HMDS), slowly increasing the concentration of HMDS. The first
mixture contained 2 parts ethanol to 1 part HDMS (hexamethyldisilazane), and was
allowed to sit for at least 30 minutes. The second mixture contained a 1:1 ratio of ethanol
and HDMS, and samples again were allowed to sit for at least 30 minutes. Then, samples
were saturated with 1 part ethanol to 2 parts HDMS, being allowed to sit for at least one
hour. Then, the samples were saturated with 1 part ethanol to 3 parts HDMS, again
allowed to sit for at least 1 hour. The samples were then saturated with 100% HDMS and
allowed to sit for at least one hour. Finally, the samples were saturated a second time with
100% HDMS, this time allowing the liquid to completely evaporate, removing all liquid
from the samples.
SEM mounts covered with an adhesive carbon layer; the samples were then
carefully placed on the SEM mounts using a glass tube with a rounded tip and static
electricity. The samples were then placed in a vacuum chamber, which was then filled
with Argon gas. The samples were coated with heavy metals, including Gold.
The samples were placed in the SEM chamber, which was evacuated of air. The
infrared camera was used to position the specimens within the chamber, and the electron
beam was turned on to visualize the samples. Images were captured between 300x and
500x magnification. For each specimen, multiple images were taken, focusing on each
part of the specimen. After the full specimen had been imaged using multiple images, the
images were combined on Photoshop (using the photomerge automation process) to
create cohesive images of the entire specimen with as much of the specimen in focus as
possible. These images were edited to optimize contrast and brightness, as well as
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removing non-trematode tissues (i.e., dust) from the specimen images to create a more
accurate image of the trematode. A scale was also added to each image to more
accurately display the magnification and true size of each specimen.
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Results
I.

Fluke Identification

Sample # Extraction PCR Sequencing
Species Identity
1
SG162 121, 1A
980
Echinoparyphium aconiatum
2
SG163 121, 1B
981
Echinoparyphium aconiatum
3
SG166 121, 1C
982
Echinoparyphium aconiatum
4
SG262 121, 3C
983
Nematostrigea serpens
5
SG171 121, 1E
984
Echinoparyphium aconiatum
6
SG172
121, 1F
985
Nematostrigea & Trichobilharzia
7
SG263 121, 3D
986
Nematostrigea serpens
8
SG211 121, 2A
987
Echinoparyphium aconiatum
9
SG265
120, 3F
988
Nematostrigea serpens
10
SG275 121, 3G
989
Nematostrigea serpens
11
SG236 120, 3A
990
Nematostrigea serpens
12
SG237 121, 3B
991
Nematostrigea serpens
13
SG276 121, 3H
992
Trichobilharzia sp.
14
SG230 120, 2H
993
Nematostrigea serpens
15
SG278 120, 4A
994
Echinoparyphium aconiatum
16
SG279 120, 4B
995
Nematostrigea serpens
17
SG280
Nematostrigea serpens
18
SG330 121, 4D
996
Nematostrigea serpens
19
SG331 121, 4E
997
Echinoparyphium aconiatum
20
SG332
121, 4F
998
Nematostrigea serpens
21
SG333 121, 4G
999
Nematostrigea serpens
22
SG334 121, 4H
1000
Nematostrigea serpens
23
SG335 121, 5A
1001
Echinoparyphium aconiatum
24
SG336 120, 5B
1002
Echinoparyphium aconiatum
25
SG337 121, 5C
1003
Nematostrigea serpens
26
SG338 121, 5D
1004
Nematostrigea serpens
27
SG339 121, 5E
1005
Nematostrigea serpens
28
SG340
120, 5F
1006
Nematostrigea serpens
29
SG341
Trichobilharzia sp.
30
SG342
uninfected
31
SG343
Trichobilharzia sp.
32
SG344
Trichobilharzia sp.
33
SG345
uninfected
34
SG346
Trichobilharzia sp.
Table 1: Scientific names of species found using genetic analysis of samples.
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32 of 34 analyzed samples were identified (Table 1). 17 of the samples were
identified as Nematostrigea serpens, 9 as Echinoparyphium aconiatum, 5 as
Trichobilharzia sp., and 1 snail with a dual digenean infection, both N. serpens and
Trichobilharzia.
Sample # Sequencing
Species Identity
% Parwise
% Identical
1
980
Echinoparyphium aconiatum
100%
100%
2
981
Echinoparyphium aconiatum
99.7%
99.7%
3
982
Echinoparyphium aconiatum
99.7%
99.7%
4
983
Nematostrigea serpens
100%
100%
6
985
Nematostrigea & Trichobilharzia
100%
100%
7
986
Nematostrigea serpens
99.7%
99.7%
9
988
Nematostrigea serpens
99.2%*
98.4%*
10
989
Nematostrigea serpens
100%
100%
11
990
Nematostrigea serpens
99.9%
99.9%
12
991
Nematostrigea serpens
100%
100%
13
992
Trichobilharzia sp.
96%**
93%**
14
993
Nematostrigea serpens
100%
100%
16
995
Nematostrigea serpens
99.9%
99.9%
18
996
Nematostrigea serpens
99.9%
99.9%
19
997
Echinoparyphium aconiatum
99.9%
99.9%
20
998
Nematostrigea serpens
100%
100%
21
999
Nematostrigea serpens
99.1%*
98.1%*
22
1000
Nematostrigea serpens
98.2%*
96.5%*
23
1001
Echinoparyphium aconiatum
100%
100%
25
1003
Nematostrigea serpens
100%
100%
26
1004
Nematostrigea serpens
99.9%
98%*
27
1005
Nematostrigea serpens
100%
100%
28
1006
Nematostrigea serpens
99.7%*
99.3%*
Table 2: Identification of species found using Percent Pairwise and Percent Identical.
*All differences in sequences between known and unknown were in regions of
uncertainty of the unknown.
**Lower % pairwise and % identical indicate the genus, but not the specific epithet.
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Samples 1-4, 6, 7, 9-14, 16, and 18-28 were identified using the sequences
derived from capillary sequencing (Fig. 4) by matching those sequences to known
sequences in the Geneious database (Table 2).

Fig. 4: Sample of nucleotide sequence from sequence 980, SG162, Snail #1.
Samples 5, 8, 15, 17, 24, 29, 31, 32, and 34 were identified based on
morphological similarity to the samples that were identified using DNA sequences (Table
3).
Sample #
Species Identity
Sample #
Species Identity
5
Echinoparyphium aconiatum
29
Trichobilharzia sp.
8
Echinoparyphium aconiatum
31
Trichobilharzia sp.
15
Echinoparyphium aconiatum
32
Trichobilharzia sp.
17
Nematostrigea serpens
34
Trichobilharzia sp.
24
Echinoparyphium aconiatum
Table 3: Identification of species found via morphological characteristics.
Samples 30 and 33 were determined to not be infected with larval trematodes
based on a visual analysis of the preserved snail specimen.
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II.

Detection of Neorickettsia

Fig. 5: real-time PCR results; red: known positive; green: unknown samples
None of the samples that were screened showed any presence of Neorickettsia
(Fig. 5). The red line represents the melt curve of a known positive sample of
Neorickettsia, and the green lines represent the samples of digeneans collected in
Mongolia. The green lines do not share a melt curve with the known sample of
Neorickettsia, indicating that the samples did not contain DNA from Neorickettsia.
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III.

Imaging
Scanning electron micrographs were generated to help aid in the morphological

identification of digenean cercariae (Figs. 6-11).

Fig. 6: Echinoparyphium aconiatum cercaria from SG162; scale bar 50 microns

Fig. 7: Echinoparyphium aconiatum cercaria from SG336; scale bar 50 microns

Fig. 8: Echinoparyphium aconiatum redia from SG162; scale bar 100 microns
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Fig. 9: Trichobilharzia spp. cercaria from SG230; scale bar 50 microns

Fig. 10: Trichobilharzia spp. sporocyst from SG230; scale bar 50 microns

Fig. 11: Nematostrigea serpens cercariae from SG330; scale bar 50 microns
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Discussion
Neorickettsia may pose a major risk to regions of the world whose people are
dependent on horses or other animals for survival, including Mongolia. There are
currently few reports of Neorickettsia outside of the United States and Brazil, and those
reports are uncertain due to potential false positives stemming from vaccination against
the bacteria. If Neorickettsia had been positively identified in the region, it would have
indicated a need for vaccination of horses and other susceptible animals, including dogs.
Despite not detecting Neorickettsia in these samples, the bacteria may still pose a
risk in eastern Mongolia. Trematodes are an essential vector for Neorickettsia, and the
presence of trematodes in this regions demonstrates the potential for the bacteria to
survive, reproduce, and spread to the trematodes’ hosts. The trematodes identified in this
survey were Echinoparyphium aconiatum, Nematostrigea serpens, and Trichobilharzia
sp., and these are all potential vectors for Neorickettsia.
Echinoparyphium aconiatum is a member of Digenea which has a life cycle
consisting of the use of two intermediate mollusk hosts, and an avian definitive host
(Leicht and Seppälä 2014)(Fig.12). The first intermediate mollusk host is often Lymnaea
stagnalis, the Greater Pond Snail (Zbikowska and Zbikowski 2015). In the first mollusk
host, E. aconiatum typically castrates the snail as the rediae break down snail tissues to
utilize host energy for growth and reproduction (Huffman and Fried 2012). L .stagnalis
infected with E. aconiatum have shown reduced lifespans in laboratory settings
(Zbikowska and Zbikowski 2015). E. aconiatum cercariae have been demonstrated to
respond to chemical signals to infect their second mollusk host (Leicht and Seppälä
2014), in which the cercariae encyst (Vodyanitskii et al 2002). There is also evidence that
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the cercariae released from a first intermediate host avoid snails which are already
infected with cercariae. Snails already infected as a first intermediate host would be less
likely to survive following a secondary infection by E. aconiatum, and therefore are less
likely to be consumed by the avian definitive host (Huffman and Fried 2012).
Transmission to the avian definitive host is achieved when the definitive host consumes
snails with encysted metacercariae (Leicht and Seppälä 2014). Once ingested, the
metacercariae develop into their mature stage and remain in the digestive tract of the
host, where the mature trematodes can sexually reproduce.

Fig. 12: Echinoparyphium aconiatum; F: cercariae, G: anterior. Scale Bar F: 200 μm,
Scale Bar G: 50 μm, (From Faltýnová et al 2007).
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E. aconiatum is known in Europe, including Germany, the Czech Republic,
Poland, Slovakia (Faltýnková and Haas 2006), and Siberia (Tallman 1983); Asia; North
America, including Canada and the United States (Huffman and Fried 2012), and
Australia (Zbikowska and Zbikowski 2015).
Nematostrigea serpens is a member of family Strigeidae and is an obligate
parasite of the small intestines of ospreys (Pandion haliaetus), and occasionally is found
in other piscivorous birds (Fig. 13). N. serpens is reported to typically occur as a single
adult specimen in the gut of its definitive host, and is considered a rare species (Lebedeva
and Yakovleva 2016). Lebedeva and Yakovleva (2016) discovered 16 specimens of N.
serpens from a deceased osprey in Lake Ladoga in Karelia, Russia, indicating that
infection by N. serpens can be fatal to the host.
N. serpens has been documented in its adult stage in Russia, Poland, Germany,
Czech Republic, Italy, Hungary, Latvia, Ukraine, and the United States, though some
debate exists if the Nematostrigea found in the United States actually belongs to the
subspecies Nematostrigea serpens annulata (Lebedeva and Yakovleva 2016). The only
known report of a metacercariae of the genus Nematostrigea was a single specimen
reported from Vietnam (Lebedeva and Yakovleva 2016). Due to the rarity of this species,
not much is known of the life cycle.
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Fig. 13: Mature Nematostrigea serpens from an osprey; (a) general aspect, (b) anterior,
and (c) posterior. (From Lebedeva and Yakovleva 2016).
Trichobilharzia is a genus of avian schistosome, which are blood flukes that
typically infects aquatic birds as definitive hosts (Fig. 14). Trichobilharzia is also a
known causative agent of Human Cercarial Dermatitis (HCD), a common cause of
swimmer’s itch, in which cercariae penetrate human skin by secreting proteolytic
enzymes and cause epidermal irritation. Whereas cercariae of human schistosomes are
known to identify their host through the detection of fatty acids which coat the skin of the
host and enter through pores, avian schistosomes such as Trichobilharzia enter the skin of
their hosts through skin folds and hair follicles, and respond to stimuli including shadow,
lipids from duck feet, and warmth (Lichtenbergová and Horák 2012). After entering the
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skin, the cercariae undergo a metamorphosis into schistosomulum. Trichobilharzia
travels through the Central Nervous System of its vertebrate hosts, which can severely
impact the host, including damage to the tissues and nervous system, or death. Although
Trichobilharzia may sometimes infect mammals, the schistosomes will not develop into
adults and will die in the Central Nervous System (Lichtenbergová and Horák 2012). In
preferred hosts such as ducks and geese, these schistosomes travel to the nasal passage of
their host, where they mature (Lichtenbergová and Horák 2012).
Trichobilharzia is known to occur in mainly in Europe, in Russia, Belarus, Russia,
Germany, France, Poland, and the Czech Republic, and well as Michigan and Montana in
the United States (Lichtenbergová and Horák 2012) as well as Iran, Brazil, Nepal,
Iceland, Canada, Rwanda, Australia (Fakhar et al 2016). The large distribution of this
genus may be due to its parasitization of migratory aquatic birds such as ducks and geese
(Fakhar 2016). The wide distribution also indicates an international vulnerability to
Human Cercarial Dermatitis from avian schistosomes. (Fakhar et al 2016).

Fig. 14: Trichobilharzia regenti; (A) cercariae, (B) adult male, (C) adult female (From
Horák et al 1999).
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The presence of trematodes in Mongolia indicates a possibility of Neorickettsia in
the region, despite not identifying the bacteria in any of these samples. The presence of
Neorickettsia in these regions could be devastating to the residents of the region, who
have a large dependence on animals such as horses, which are vulnerable to Neorickettsia
infections. Also concerning is the particular presence of Trichobilharzia, which poses a
direct health risk to humans as a causative agent of Human Cercarial Dermatitis.
Nematostrigea serpens and Echinoparyphium aconiatum, which may not be directly
harmful to humans, both infect birds, which are capable of migrating long distances. The
long distances traveled by these migratory birds poses a risk of introduction to
Neorickettsia, so even if the bacteria is not currently present, it is a possibility that the
bacteria could be introduced in the future due to the migratory patterns of the birds.
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